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Abstract

Internal motions of D-ribose selectively 2H-labeled at the 2′ position were measured using solid state 2H NMR
experiments. A sample of D-ribose-2′-d was prepared in a hydrated, non-crystalline state to eliminate effects
of crystal-packing. Between temperatures of −74 and −60 ◦C the C2′–H2′ bond was observed to undergo two
kinds of motions which were similar to those of C2′–H2′/H2′′ found previously in crystalline deoxythymidine
(Hiyama et al. (1989) J. Am. Chem. Soc., 111, 8609–8613): (1) Nanosecond motion of small angular displacement
with an apparent activation energy of 3.6 ± 0.7 kcal mol−1, and (2) millisecond to microsecond motion of large
amplitude with an apparent activation energy ≥4 kcal mol−1. At −74 ◦C, the slow, large-amplitude motion was best
characterized as a two-site jump with a correlation time on the millisecond time scale, whereas at −60 ◦C it was
diffusive on the microsecond time scale. The slow, large-amplitude motions of the C2′–H2′ bond are most likely
from interconversions between C2′-endo and C3′-endo by way of the O4′-endo conformation, whereas the fast,
small-amplitude motions are probably librations of the C2′–H2′ bond within the C2′-endo and C3′-endo potential
energy minima.

Introduction

Furanose ring puckering and conformational flexibil-
ity is fundamental to the structure and function of
nucleic acids (Saenger, 1984). The conformations and
dynamics of furanose in RNA and DNA have been
investigated for many years. X-ray crystallographic
studies have shown that the sugar rings of RNA and
DNA tend to cluster at the C3′-endo and C2′-endo
conformations (Saenger et al., 1986; Dickerson, 1983;
Arnott and Hukins, 1972) but there is substantial ex-
perimental evidence that the furanose ring is dynamic
(Kojima et al., 1998; Bax and Lerner, 1988) in a
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sequence-dependent manner (Robinson et al., 1997;
Hatcher et al., 1998; Meints et al., 2001). Whether the
interconversion proceeds via a diffusive or jump pro-
cess is related to intervening energy barriers, which,
in turn, are dependent on the nature of the substituents
and remain debated (Roder et al., 1975; Levitt and
Warshel, 1978; Olson, 1982; Olson and Sussman,
1982).

From studies of small model compounds, esti-
mates of the energy barrier of interconversion between
the C2′-endo and C3′-endo conformations range from
0.5–5 kcal mol−1. Deoxyribose ring flexibility was
examined in crystalline deoxythymidine-2′-C,2′′-C-d2
using solid state 2H NMR (Hiyama et al., 1989)
and was found to execute two kinds of internal mo-
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Figure 1. X-ray powder diffraction data of D-ribose at −20 ◦C. A) Anhydrous D-ribose is shown on top and below in red is reference data
(Powder Diffraction File PDF-2 Database (2002) PDF 29-1898, JCPDS-ICDD). B) Hydrated D-ribose. The fitted background (red) indicates
the amorphous component whereas the blue line indicates the fully crystalline, anhydrous component.

tion: (1) Small amplitude (≤5◦ r.m.s.) librations on
the nanosecond time scale and (2) large amplitude
jumping motions (≥30◦ r.m.s.) on the millisecond to
microsecond time scale. The former motion was hy-
pothesized to be exchange between the C3′-exo and
C2′-endo conformations, whereas the latter motion
was postulated to be C2′-endo ↔ C3′-endo intercon-
versions. However, the large-amplitude motion was
sensitive to crystal-packing forces (Hiyama et al.,
1989). Furthermore, several solid-state 2H NMR stud-
ies have shown that furanose ring dynamics in DNA

is sequence dependent and can be either diffusive or
occur by jump motions (Hatcher et al., 1998; Meints
et al., 2001). Existing liquid and solid-state NMR data
related to sugar ring puckering and energetics come
from ribose and deoxyribose with a variety of sub-
stituents, from within DNA and RNA in a variety of
sequence contexts, and, in some solid-state studies,
have been influenced by crystal packing forces. To
date there has been no experimental NMR character-
ization of dynamics of simple unsubstituted ribose in
the solid-state. Here, we characterize the internal mo-
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tions of hydrated non-crystalline D-ribose deuterated
at the 2′ position (D-ribose-2′-d) using solid state 2H
NMR experiments in an effort to elucidate fundamen-
tal dynamic and energetic properties of this important
biological building block.

Methods

X-ray diffraction

X-ray powder diffraction data were recorded for both
anhydrous and partially hydrated D-ribose. The hy-
drated sample material used for X-ray analysis was
prepared by placing anhydrous D-ribose in a closed
chamber containing an excess of solid NaNO2 in
contact with a saturated solution of NaNO2 (66% rel-
ative humidity, Weast (1988)) for two days. Weight
measurements of the ribose sample before and after
hydration indicated that there was an average of 1.4
waters per ribose molecule. The hydrated sample was
in the form of a wet paste, so no further sample prepa-
ration was performed except to mount it in the sample
holder. Samples of D-ribose when left in the humidity
chamber for approximately one week were observed
to completely deliquesce.

The X-ray diffraction apparatus used in this study
was a Philips X’Pert MPD system (PW3040/00 type).
The X-ray source was a sealed ceramic tube operated
at 45 kV, 40 mA (λ = Cu Kα1, 1.5406 Å). The study
specimens were examined in Bragg-Brentano parafo-
cusing geometry on a 220-mm θ-θ goniometer radius
using incident- and diffracted-beam soller slits (0.04
radians), automatic divergence and anti-scatter slits
(10-mm irradiation length), and a 0.2-mm receiving
slit. Wavelength selection was achieved with a curved
graphite diffracted beam monochromator, and the de-
tection apparatus was a Xe-filled sealed proportional
counter.

A liquid nitrogen-cooled Anton-Paar TTK 450
low-temperature chamber was attached to the diffrac-
tometer to facilitate measurements under subambi-
ent conditions. This sample chamber utilizes front-
loading specimen holders constructed of Ni-plated
copper. The X-ray beam spot (approximately 10 mm
× 10 mm throughout the scan range) was confined to
the surface of the study material. The Anton-Paar TTK
450 chamber was purged with ultrahigh purity helium
during this study to prevent condensation and icing.

Both the diffractometer and sample chamber were
controlled using the Philips X’Pert software suite

(X’Pert Data Collector, V1.3d). The scan range was
5.00◦–40.00◦ 2θ collected at a rate of 0.02◦ s−1. Anal-
ysis of the experimental patterns was accomplished
using Jade V6.5.7 (Materials Data, Inc., Livermore,
CA) and the Powder Diffraction File database (PDF-
2, 2002 Release, International Centre for Diffraction
Data, Newtown Square, PA).

NMR spectroscopy

Two-hundred milligrams of D-ribose-2′-d were packed
into a 5 mm × 15 mm glass tube and placed in a cham-
ber with an atmosphere at 66% relative humidity using
2H-depleted 1H2O (Wang et al., 1992; Weast, 1988)
until there was an average of 3.1 waters per ribose
molecule, as determined from weight measurements.
The sample was also in the form of a wet paste. All
experiments were performed at 61.4 MHz 2H Larmor
frequency using a homebuilt spectrometer (Gladden
and Drobny, unpublished results).

2H NMR spectra of D-ribose-2′-d were recorded
using an eight-step phase-cycled quadrupole echo
pulse sequence (Davis et al., 1976). The 90◦ pulses
were typically 2–3 µs in length and τ1 = 25 µs.
Data acquisition was initiated prior to the top of the
quadrupole echo. The time domain data were left-
shifted to the echo maximum, and Lorentzian line
broadening of 2–3 kHz was applied to the free induc-
tion decay prior to Fourier transformation. Spin align-
ment echo experiments (Lausch and Spiess, 1980;
Spiess, 1980) were carried out using a period of τ1 =
25 µs between the first and second pulses while the
delay between the second and third pulses, τ2, was
varied from 0 to 300 ms.

Powder averaged spin-lattice 2H relaxation times
of D-ribose-2′-d, 〈T1〉, were measured as a function
of temperature using a saturation-recovery pulse se-
quence consisting of a comb of 90o pulses separated
by short delays (	〈T1〉) and followed, after a vari-
able recovery period, by a quadrupole echo sequence.
The recovered magnetization was measured from the
height of the quadrupole echo. The heights were plot-
ted against the recovery period and 〈T1〉 values were
determined using non-linear least squares fits to the
data assuming single exponential recovery.

Results and discussion

Anhydrous D-ribose-2′-d exhibited extremely long
deuterium spin-lattice relaxation times (data not
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Figure 2. One-dimensional spectra of D-ribose-2′-d recorded at
temperatures between −20 ◦C and −80 ◦C. A total of 1024 scans
were recorded per spectrum. The ‘×’ indicates the positions of
spectral artifacts.

Figure 3. 2H quadrupole line shapes of D-ribose-2′-d at −60 and
−74 ◦C with the same static line shape simulation superimposed.
The line shape was simulated using values of QCCeff = 162 kHz
and ηeff = 0.04. A total of 1024 transients per spectrum were
recorded.

shown), indicating that the ribose molecules were
highly constrained within the crystalline lattice, and
prevented initial attempts to collect quadrupolar echo
and deuterium relaxation measurements under these
conditions. X-ray powder diffraction data of anhy-
drous D-ribose, shown in Figure 1A, confirmed it
to be in the crystalline state. Thus, in order to al-
leviate long NMR relaxation times and to eliminate
crystal-packing forces, all NMR data on D-ribose-2′-
d presented here were recorded under partially hy-
drated conditions (average of 3.1 waters per ribose
molecule). X-ray powder diffraction data on D-ribose
hydrated with an average of only 1.4 waters per ri-
bose molecule, shown in Figure 1B, revealed that the
sample was composed of both amorphous and crys-
talline components. NMR spectra of D-ribose-2′-d at
or above −20 ◦C revealed an isotropically-averaged
line shape (Figure 2), which was from rapidly re-
orienting ribose molecules present in the amorphous,
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deliquesced part of the sample. The absence of a Pake
doublet pattern at or above −20 ◦C indicated that the
crystalline component of the sample did not contribute
to our NMR spectra.

Shown in Figure 3 are experimental 61.4 MHz
2H NMR quadrupole echo line shapes of D-ribose-
2′-d at −74 and −60 ◦C. Both spectra had a classic
Pake doublet pattern with a quadrupole splitting of
122 ± 2 kHz. Both spectra were well fit using a
line shape simulation with QCCeff = 162 kHz and
ηeff = 0.04. The size of the quadrupole splitting indi-
cated the absence of fast, large amplitude motions in
D-ribose-2′-d at −60 and −74 ◦C and were the same
as those of crystalline deoxythymidine-2′-C,2′′-C-d2
(Hiyama et al., 1989) and [2′′-2H]-2′-deoxycytidine
of C3 of d[(CGCGAATTCGCG)]2 at low hydration
(Meints et al., 2001).

Powder averaged spin-lattice relaxation times of
2H of D-ribose-2′-d were measured at seven dif-
ferent temperatures between −50 and −90 ◦C and
ranged from 1.1 ± 0.1 s at −50 ◦C to 6.2 ±
0.1 s at −90 ◦C. Typical saturation-recovery plots are
shown in Figure 4, which were collected at −60
and −70 ◦C and yielded 〈T1〉 values of 1.2 ± 0.1
and 3.6 ± 0.1 s, respectively. In Figure 5 the spin-
lattice relaxation times are shown in an Arrhenius
plot, yielding an apparent activation energy of 3.6 ±
0.7 kcal mol−1. Also shown are spin-lattice relax-
ation times of crystalline deoxythymidine-2′-C,2′′-C-
d2 taken from Hiyama et al. (1989) that were used to
obtain an apparent activation energy of 3.8 kcal mol−1.
Comparable spin-lattice relaxation times and line
shapes to those of Hiyama et al. indicated that D-
ribose-2′-d experienced fast internal motions similar
to those of crystalline deoxythymidine, but under non-
crystalline conditions. Hiyama et al. (1989) postulated
that the activation energy corresponded to conforma-
tional exchange between C2′-endo and C3′-exo con-
formations that modulated the C2′–H2′ vector by a
small amplitude (≤ 5◦ r.m.s.).

The 2H spin-lattice relaxation times of the hy-
drated, non-crystalline D-ribose-2′-d were such that
an investigation of slow motions using spin-alignment
experiments (Lausch and Spiess, 1980; Spiess, 1980)
was feasible. The spin alignment experiment is partic-
ularly well suited for detecting slow jump processes
of the kind that might be expected for sugar puckering
motions in nucleic acids. For a slow motion corre-
sponding to an N-site jump among equally populated
sites, the spin-alignment echo intensity is predicted to
rapidly decay exponentially to 1/N of its initial inten-

sity with a time constant τc and then slowly decay
exponentially with a time constant of 〈T1Q〉, as de-
scribed by S(τ2) = (1−f ) exp(−τ2/τc −τ2/〈T1Q〉)+
f exp(−τ2/〈T1Q〉), where f = 1/N and τ2 is the
period of the pulse sequence during which spin align-
ment is allowed to relax (Hiyama et al., 1989). In
contrast, slow diffusive motions, where N → ∞, re-
sult in a rapid exponential decay of the spin alignment
echo to zero intensity with time constant τc. Shown
in Figure 6 are spin alignment echo heights of D-
ribose-2′-d at −74 and −60 ◦C as a function of the
τ2 period. Despite the similarity in the line shapes at
these two temperatures (Figure 3), the data in Figure 6
revealed the presence of two different types of slow
motions of the C2′–H2′ bond of D-ribose. The spin
alignment echo at −74 ◦C displayed a biexponential
decay with a rapid decay of the echo amplitude to
50% of its initial intensity, indicating that N = 2. At
−60 ◦C, however, the echo intensity vanished in less
than 10 ms, indicating that N assumed a large value
consistent with a diffusion motion. The rapid decay
rate could not be due to spin-lattice relaxation because
〈T1〉 = 1.2 ± 0.1 s at this temperature. The data
in Figure 6 indicated that between −60 and −74 ◦C,
the slow internal motion of the C2′-H2′ bond of D-
ribose made a transition from a diffusive process to
that of a two-site jump, respectively. Therefore, in a
hydrated, non-crystalline form, the ribose ring, totally
free of substituents, appeared to execute a two-site
jump, provided enough thermal energy was removed
from the system. In an effort to estimate the inter-
nal correlation time of the jump motion of C2′–H2′
at −74 ◦C, the data was fit to the equation for S(τ2)

given above. Based on a two-site jump model between
two equally populated sites the values of τc and 〈T1Q〉
were determined to be 0.24 ± 0.04 ms and 1.2 ± 0.3 s,
respectively. The fit is shown as a solid line in Figure 6.

In principle, a two-dimensional spin-alignment
experiment (Schmidt et al., 1986) can provide a di-
rect measurement of the angle between the two vec-
tors undergoing exchange. However, we were un-
able to collect sufficient signal-to-noise in order to
observe magnetization exchange directly in the two-
dimensional spin-alignment spectrum. Alternatively,
we investigated the quadrupole echo line shapes for
a few different values of the τ1 evolution time using
τ2 = 1.4 ms at −74 ◦C. The horns and shoulders of
the Pake powder pattern showed little sign of decay
in their intensity (Figure 7, top), consistent with the
slow millisecond jump process indicated from the data
in Figure 6. The spectra collected at −60 ◦C at half
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Figure 4. Saturation-recovery data of D-ribose-2′-d at −60 and −70 ◦C. The −60 ◦C (open squares) and −70 ◦C (solid circles) data were
fit with single exponentials, as shown here, and resulted in 2H 〈T1〉 times of 1.2 ± 0.1 and 3.6 ± 0.1 s, respectively. Echo intensities were
normalized to those obtained without a saturating comb of 90◦ pulses.

Figure 5. Arrhenius plot of 2H 〈T1〉 values of D-ribose-2′-d. Data collected here on D-ribose-2′-d are shown as solid squares. Open triangles
represent data taken from Hiyama et al. (1989). The line represents a fit to the 〈T1〉 values of D-ribose-2′-d and yielded an activation energy of
3.6 ± 0.7 kcal mol−1.
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Figure 6. Spin alignment echo intensities of D-ribose-2′-d plotted as a function of the τ2 period (0–10 ms) at −74 (solid circles) and −60 ◦C
(open squares). Spectra were collected using τ1 = 25 µs. The inset shows the entire τ2 range (0–300 ms). The dotted line indicates where
the signal intensity is half of that at τ2 = 0. The solid line was obtained from a fit to the data collected at −74 ◦C using the equation
S(τ2) = (1 − f ) exp(−τ2/τc − τ2/〈T1Q〉) + f exp(−τ2/〈T1Q〉). Setting f = 0.5 yielded values of 0.24 ± 0.04 ms and 1.2 ± 0.3 s for τc and
〈T1Q〉, respectively.

Figure 7. 2H spin alignment spectra of D-ribose-2′-d collected at −60 and −74 ◦C using τ1 periods of 16 and 32 µs. Mixing times were 0.75
and 1.4 ms and 1024 and 864 transients were recorded at −60 and −74 ◦C, respectively.
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the mixing time (τ2 = 0.75 ms) exhibited a dramatic
loss in intensity over the τ2 period, consistent with a
diffusive process on a short timescale relative to the
mixing time, and also showed signs of T2 distortion
with variable τ1 values, consistent with the presence
of a diffusive motion of the C2′–H2′ vector of D-
ribose-2′-d on the microsecond timescale (Figure 7,
bottom). Such T2 distortions have also been observed
in crystalline deoxythymidine-2′-C,2′′-C-d2 and were
interpreted as being due to microsecond motions with
≥ 30◦ r.m.s. amplitude (Hiyama et al., 1989). Be-
low −74 ◦C, spin alignment data was not collected
over a sufficiently broad temperature range for cal-
culation of the activation energy for the slow, large
amplitude motion. However, it must be higher than
3.6 ± 0.7 kcal mol−1 (Figure 5) because the corre-
lation time was substantially longer than that of the
small-amplitude nanosecond motion (Figure 6). Thus,
a lower limit of the activation energy of the slow mo-
tion can be estimated to be ∼4 kcal mol−1. Hiyama
et al. (1989) used spin alignment experiments to show
that below +55 ◦C, a slow, large-amplitude motion
consistent with that of a two-site jump was present
in crystalline deoxythymidine at the 2′ position. How-
ever, since the large-amplitude motion was different
when the sample included Tris, it was concluded that
crystal-packing forces were an important determinant.
In part, due to this observation, we prepared the
sample of D-ribose-2′-d in a partially hydrated state.

It was important to ensure that the transition from
a diffusive to a jump process was not related to a
phase transition in frozen ice in going from −60 to
−74 ◦C. Wittebort et al. (1988) have shown that water
molecules in normal hexagonal ice execute jumps on
a tetrahedron at both −60 and −70 ◦C at 8000 and
2000 s−1, respectively. Therefore, we presumed that
the interaction of water with ribose, and its effect on
conformational interconversions, was similar at both
temperatures.

Conclusions

The data presented here provide evidence that ring
puckering in unsubstituted ribose undergoes a tran-
sition from a diffusive to a jump process as thermal
energy is removed from the system in going from −60
to −74 ◦C. The lower limit for the activation energy
for ring puckering was estimated to be ∼4 kcal mol−1.
At −60 ◦C the motion of the C2′–H2′ bond was dif-
fusive on the microsecond timescale, but at −74 ◦C

the bond jumped between two equally populated sites
on the millisecond time scale. Our results are consis-
tent with pseudorotational energies calculated earlier
for ribose, which showed that the C2′-endo and C3′-
endo states are equally favorable and separated by
a potential energy barrier of ∼3.9 kcal mol−1 (Ol-
son, 1982). The local maximum corresponded to
the O4′-endo conformation and was calculated to be
the result of repulsive van der Waals forces between
eclipsed 2′- and 3′-hydroxyl groups. In addition to the
slow, large-amplitude motions, C2′–H2′ of D-ribose-
2′-d also executed nanosecond timescale motions of
small amplitude with an activation energy of 3.6 ±
0.7 kcal mol−1, which were probably librations of
the C2′–H2′ bond within the C2′-endo and C3′-endo
potential energy minima. Fast small-amplitude and
slow large-amplitude motions were also found at the
C2′–H2′/H2′′ bonds in deoxythymidine with similar
apparent activation energies (Hiyama et al., 1989),
which indicate that the substituents of sugar rings of
nucleosides do not greatly impact the fundamental
dynamic and energetic properties inherent within an
unsubstituted furanose ring. However, solid-state 2H
NMR studies of DNA have shown that furanose dy-
namics is strongly modulated by sequence context and
have been observed to execute diffusive as well as
jumping motions (Hatcher et al., 1998; Meints et al.,
2001).
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